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ABSTRACT: Dimethylsulfide (DMS) dehydrogenase is a complex heterotrimeric enzyme that catalyzes the
oxidation of DMS to DMSO and allows Rhodovulum sulfidophilum to grow under photolithotrophic
conditions with DMS as the electron donor. The enzyme is a 164 kDa heterotrimer composed of an
o-subunit that binds a bis(molybdopterin guanine dinucleotide)Mo cofactor, a polyferredoxin $-subunit,
and a y-subunit that contains a b-type heme. In this study, we describe the thermodynamic characterization
of the redox centers within DMS dehydrogenase using EPR- and UV —visible-monitored potentiometry.
Our results are compared with those of other bacterial Mo enzymes such as NarGHI nitrate reductase,
selenate reductase, and ethylbenzene dehydrogenase. A remarkable similarity in the redox potentials of

all Fe—S clusters is apparent.

The superfamily of molybdenum oxotransferase and hy-
droxylase enzymes comprises three distinct families that can
be distinguished by the structure of the enzyme active site
(I). These are the DMSO' reductase family, the sulfite
oxidase family, and the xanthine oxidase family. Structural
studies have revealed that enzymes of the DMSO reductase
family share an active site comprising a molybdenum ion
coordinated to two bidentate pterin dithiolene (molybdop-
terin) ligands (Figure 1). In most, but not all, cases, an oxo/
hydroxo ligand and an amino acid side chain complete the
first coordination sphere. So far, this amino acid ligand has
been found to be cysteine, selenocysteine, aspartate, or
serine (2).

Nearly all mononuclear Mo enzymes investigated to date
catalyze hydride or oxygen atom transfer reactions in either
the oxidative or reductive direction as generalized by eq 1.
They utilize a wide variety of substrates, including sulfoxides,
oxoanions, hydrocarbons, aldehydes, and tertiary amine
oxides, depending on the enzyme.

X +H,0=XO+2H" +2¢~ (1)

Molybdoenzymes from the DMSO reductase family have
been found in only prokaryotes, and more than 15 examples
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FIGURE 1: Mo cofactor in enzymes of the DMSO reductase family.

have been characterized so far from the bacteria and archaea;
however, hundreds more have been identified from genomic
sequencing (3). Enzymes of this family constitute the most
diverse of all in function, and they have a key role in the
biogeochemical cycling of a number of elements, including
nitrogen, sulfur, arsenic, and selenium (4, 5). The subject of
this study, DMS dehydrogenase, catalyzes the oxidation of
DMS to DMSO. DMS is a major organosulfur compound
found in the marine environment, and the production,
consumption, and sea—atmosphere exchange of this com-
pound have been proposed to exert an important effect on
cloud formation and, hence, climate control (6). DMS
dehydrogenase has been isolated from Rhodovulum sulfido-
philum, a marine purple photosynthetic bacterium that can
grow photoautotrophically with DMS as the sole electron
donor (7). This periplasmic enzyme catalyzes the oxidation
of DMS to DMSO, providing electrons to the photochemical
reaction center in a reaction that is mediated by cytochrome
(8 9).

Protein phylogeny of the DMSO reductase family has
revealed evolutionary relationships between enzymes which
can be divided into a number of clades. A comprehensive
review of this area has appeared (3), which also illustrates
the vast number of novel bacterial Mo enzymes from this
group recently identified from genomic sequencing. This
information based on polypeptide primary structure has been
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FIGURE 2: Spatial organization of the redox cofactors defining the
direction of electron flow in DMS dehydrogenase (not to scale).
The a- and f-subunits are conserved across the type II clade
enzymes from the DMSO reductase family.

augmented by protein structural information derived from
X-ray crystal structures. The type II clade includes the
membrane-bound nitrate reductase (NarGHI) (10, 11), sel-
enate reductase (5, 12), ethylbenzene dehydrogenase (/3—15),
and DMS dehydrogenase (8, 16). All enzymes within this
subgroup appear to share a common active site comprising
two molybdopterin ligands, a single aspartate side chain, and
an oxo ligand in their fully oxidized (Mo"") state (Figure 1).

Enzymes from the type II clade contain three subunits,
two of which are highly homologous. The a-subunit contains
the Mo active site and, in addition, a novel (3-Cys, 1-His
coordinated) [4Fe-4S1?** cluster (FSO) that for many years
had escaped detection until crystallographic characterization
of NarGH(I) nitrate reductase (10, 11). Subsequently, EPR
spectroscopy was used to detect this unusual high-spin Fe—S
center in its reduced form (/7). The adjacent B-subunit
contains four Fe—S clusters. One is a [3Fe-4S]™ cluster
(FS4), while the other three are [4Fe-4S]1*** clusters
(FS1—FS3) that act as an electron relay during catalysis.
There is diversity in the third subunit associated with type
IT enzymes. Nitrate reductase possesses a diheme b-type
cytochrome which is an integral membrane protein that is
involved in the oxidation of quinol. The details of the
assembly of the cofactor within this complex enzyme have
recently been reported (/8). In contrast, the other enzymes
of the type II clade (ethylbenzene dehydrogenase, selenate
reductase, and DMS dehydrogenase) possess a monomeric
b-type cytochrome (y-subunit) and are periplasmic water-
soluble enzymes.

If the mechanism of catalysis in DMS dehydrogenase
follows that of other Mo enzymes (/), the active site should
cycle between its Mo and MoV! oxidation states. Substrate
binding to an oxo—MoY! (O=Mo"") active site is ac-
companied by a coupled two-electron, two-proton, O-atom
transfer (from the O=Mo"! group to DMS) in the reductive
half-reaction. Electrons deposited on the Mo ion (now in its
Mo oxidation state) are then passed, via the five intervening
Fe—S clusters in the o- and -subunits, to the b-type heme
in the y-subunit. This heme ultimately is reoxidized by its
electron acceptor (cytochrome c;), which in turn donates
electrons to the photosynthetic reaction center (8). Interest-
ingly, despite their strong structural similarity and the
conservation of their redox centers, some enzymes from the
type II clade are reductases while others are dehydrogenases.
In the reductases, electrons flow from an electron donor to
the y-subunit to the S-subunit to the o-subunit, where they
are consumed by the substrate, while in the dehydrogenases,
electrons ensuing from substrate oxidation flow from the
o-subunit to the B-subunit to the y-subunit (Figure 2). The
enzymes of this clade represent an interesting example of
how nature organizes long-range electron transfer across
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several redox centers seemingly with the same (or similar)
apparatus yet for entirely different purposes. In this study,
we have determined the potentials of the redox centers from
all three subunits within DMS dehydrogenase using spectro-
potentiometric (EPR and optical) methods. The data are
compared with those of other enzymes from the type II clade.

EXPERIMENTAL PROCEDURES

Reagents. All reagents were obtained commercially and
used without further purification, except for Tricine buffer,
which was purified by being passed through a Chelex column
to remove traces of metal ions.

Enzyme Preparation. DMS dehydrogenase was isolated
from wild-type Ruv. sulfidophilum strain SH1 as previously
described (9, 16).

Redox Potentiometry. Potentials for all experiments were
measured with a combination Pt wire—Ag/AgCl electrode
attached to a Hanna 8417 meter. The electrode was calibrated
against a saturated solution of quinhydrone [E®’(pH 7) =
284 mV vs NHE]. All samples were titrated inside a Belle
Technology anaerobic box (<10 ppm O,).

(1) Optical Potentiometry Experiments. The heme redox
potential of native DMS dehydrogenase was determined by
standard optical redox potentiometric techniques (19, 20),
using the Soret bands of the chromophores as the indicator
of reduction. The mediators used were Fe(NOTA) (En7 =
214 mV) and Na[Fe(EDTA)] (En7 = 98 mV), each present
at a concentration of 50 uM as described previously (21).
The enzyme concentration was 5 uM in 20 mM Tris-HCl
(pH 8). All measurements were taken within a glovebox
under an atmosphere of N, using a Shimadzu UV Mini 1240
spectrophotometer with the spectrochemical cell thermostated
at 25 °C. The potential was altered using Na,S,04 (100 mM)
and K)S,0g (100 mM) as the reductant and oxidant,
respectively.

The heme midpoint potential (E,,) was calculated from
eq 2, a combination of the Beer-Lambert and Nernst
equations for a single electron redox couple (ox + e~ —
red) involving two absorbing species at 298 K (21).

A, X 10FEF 44

10EES9 4

In this case, A is the absorbance at 424 nm, A..q and A,y are
the limiting absorbance of the ferrous and ferric heme
chromophores at the same wavelength, respectively, and E
is the observed potential.

(2) EPR Experiments. The MoY"V and Mo""V redox
potentials were determined using EPR-monitored potenti-
ometry of solutions frozen at 120 K. The DMS dehydroge-
nase concentration was 20 uM in pH 8 Tricine (50 mM),
which was chosen to minimize pH changes upon freezing
(22). All mediators were present at a final concentration of
50 uM. The mediators used were diaminodurol (Ey,7 = 276
mYV), dichlorophenolindophenol (E,; = 217 mV), 2,6-
dimethylbenzoquinone (Ey,; = 180 mV), phenazine metho-
sulfate (E7 = 80 mV), 2,5-dihydroxybenzoquinone (Ey,7
= —60 mV), 2-hydroxy-1,4-naphthoquinone (E,,; = —152
mV), and anthroquinone-2-sulfonic acid (Ey,7 = —225 mV).
The reductant was Na,S,0,4 (100 mM), and K3[Fe(CN)g] (100
mM) was used as the oxidant. Each sample (300 uL) was
poised at a particular potential (within a glovebox), then

@)



3772  Biochemistry, Vol. 47, No. 12, 2008

1.5

-76 mV
+100 mV
1.0 A +152 mV
-6 mV
+14 mV
0.5 - -16 mV
+314 mV
g
i 0.0 A
©
-0.5 A
-1.0 4
-1.5 T T T T T T
2.04 2.02 2.00 1.98 1.96 1.94
g-value

Creevey et al.

14

o Oxidative titration
A Reductive titration

w] ® ]/\

0.6

Intensity of g=2.00 signal

200 -100 0 100 200 300 400
E (mV vs NHE)

FIGURE 3: (a) EPR redox titration of the MoV signal of DMS dehydrogenase (120 K). See Experimental Procedures for conditions. (b)
Variation in the MoY EPR g = 1.99 signal intensity of DMS dehydrogenase as a function of redox potential. The calculated curve (eq 3)
is shown for redox potentials of 55 + 10 mV (Mo'V"V) and 123 4 13 mV (MoV/V1).

sealed in a 3 mm internal diameter quartz EPR tube, and
immediately frozen in liquid nitrogen. Continuous wave
X-band (ca. 9.3 GHz) EPR spectra were recorded with a
Bruker Biospin Elexsys E580 EPR spectrometer fitted with
a super high Q cavity. Calibration of the magnetic field and
microwave frequency was achieved with a Bruker ER
036TM Teslameter and a Bruker microwave frequency
counter, respectively. A microwave power of 20 mW was
used. A flow-through cryostat in conjunction with a Euro-
therm (B-VT-2000) variable-temperature controller provided
temperatures of 127-133 K at the sample position in the
cavity. For lower temperatures (1.7-5 K), an Oxford Instru-
ments ESR 910 flow-through cryostat in conjunction with
an ITC503 temperature controller was employed. Spectrom-
eter tuning, signal averaging, and visualization were done
with Bruker’s Xepr (version 2.4b.12). The intensity of the
MoV signal (I) was recorded as a function of potential (E).

I

max

1= 1+ 10EENS 4 1oEE/59 (€)

The experimental data were fit to eq 3, where E| is the potential
of the MoY"" couple, E; is the potential of the MoY""V couple,
and I, is the maximum EPR intensity (proportional to the
maximum amount of MoV formed at the midpoint of the
titration) (27). Note that the temperature at which the sample
is equilibrated (298 K) prior to freezing still applies in this
Nernst relationship as the system is equilibrated at this
temperature.

For determination of the redox potentials of the Fe—S
clusters in the S-subunit of DMS dehydrogenase (FS1—FS4),
EPR redox potentiometry at very low temperatures was neces-
sary to compensate for the much shorter relaxation times
inherent to these paramagnetic centers. The enzyme concentra-
tion was 30 #M, and all measurements were taken in 20 mM
Tricine (pH 8). The mediators used in this experiment are as
described above for Mo potentiometry, with the addition of
three coordination compounds, [Co(AMMEsar)]*?* (Ey,;
= —378 mV), [Co(cis-diammac)]**?* (E;,7 = —500 mV),
and [Co(trans-diammac) 2t (E,,7 = —555 mV), described
elsewhere (27) at a concentration of 25 uM to avoid problems
with enzyme precipitation. The reductant was Na,S,0, (or
Ti™ citrate for potentials below —400 mV vs NHE), while

the oxidant was Na,S,Oyg (all at concentrations of ~5 mM).
The samples were titrated to the desired potential as described
above before being transferred to EPR tubes (sealed in a
glovebox) and frozen in liquid N,. Each sample was analyzed
by EPR at 2 K. The FS4 cluster is EPR active in its oxidized
[3Fe-4S]™ form only while the FS1—FS3 centers become
EPR active only upon reduction to the [4Fe-4S]* form. The
signals observed from each center were titrated in the
reducing and oxidizing directions as described above, and
data were analyzed with eq 2 where the EPR intensities
replace the optical absorbance values.

RESULTS AND DISCUSSION

Mo Active Site. The MoY"V and MoV redox potentials
of DMS dehydrogenase were determined by using EPR
spectroscopy at pH 8 by monitoring formation and decay of
the MoY EPR signal as a function of redox potential. The
rhombic (g = 1.99, 1.98, and 1.96) Mo" EPR spectrum of
DMS dehydrogenase has been reported previously (/6) and
shows no resolved hyperfine coupling. The coordination
sphere of the Mo ion is believed to include an aqua ligand
at this pH as discussed previously (/6) in addition to the
four S donors of the two bidentate molybdopterins. On the
basis of sequence similarity with other structurally character-
ized enzymes, NarGH nitrate reductase (10, 17) and ethyl-
benzene dehydrogenase (/4), it is likely that an aspartate
residue is also coordinated to the Mo ion in DMS
dehydrogenase.

As seen in Figure 3a, the MoV signal grows and is maximal
at ca. 100 mV. The midpoint redox potentials were found to
be 55 £ 10 and 123 & 13 mV vs NHE for the Mo"""V and
MoV couples, respectively (Figure 3b). The features of the
molybdenum EPR spectra arising from DMS dehydrogenase
under various experimental conditions (pH, coordinating
anions) have been discussed elsewhere (/6). The reversibility
of the titration is apparent from Figure 3b, where the
oxidative (@) and reductive (A) parts of the titration are
indicated by different symbols.

Iron—Sulfur Clusters. Of the five iron—sulfur clusters
predicted to be present in DMS dehydrogenase (FSO in the
o-subunit and FS1—FS4 in the $-subunit), four (FS1—FS4)
were observed spectroscopically in this work, and their redox
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FIGURE 4: Variation in the Fe—S EPR signals (FS1—FS4) as a
function of redox potential (7= 2 K). Note the change of scale to
compensate for the intense FS4 signal at high potential. At 110
mV, an intense MoV signal is apparent at ¢ = 2.00 and the
Till(citrate) resonance around g = 2.0 has been omitted from the
lowest-potential spectrum.

potentials have been determined. Note that the assignment
of each center has been possible by analogy with the
comprehensive and systematic studies on both the 3-subunits
of nitrate reductase (NarH) and DMSO reductase (DmsB)
(17, 23, 25-27), where site-directed mutagenesis and EPR
redox potentiometry enabled the assignment of all Fe—S
clusters to their associated EPR signals. The EPR spectra of
the Fe—S clusters of DMS dehydrogenase are sufficiently
similar that they can be assigned by analogy. The conven-
tional numbering of the clusters is according to their
sequential position within the enzyme, FSO being closest to
the Mo ion and FS4 being closest to the heme (Figure 2).
Previously published EPR experiments with DMS dehydro-
genase (/6) revealed the presence of a [3Fe-4S]™° cluster
and several [4Fe-4S]1**'* clusters, as anticipated from homol-
ogy with other type II enzymes from this clade, including
nitrate reductase and ethylbenzene dehydrogenase.

The EPR spectra of the Fe—S centers in the 3-subunit of
DMS dehydrogenase at 2 K as a function of redox potential
are presented in Figure 4, and the data analysis is shown in
Figure 5a—d, including the theoretical curves derived from
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a fit to eq 2 in each case. A summary of all redox potentials
determined here potentiometrically is given in Table 1 in
comparison with the data from other type II clade enzymes
from the DMSO reductase family, and the relevant g values
are listed in Table 2.

Each Fe—S cluster observed here (FS1-FS4) gives a
characteristic set of signals as seen before for the well-studied
NarH subunit of nitrate reductase (17, 25-27). The [4Fe-
4S]* clusters exhibit a rhombic signal with three well-
separated g values (Table 2), while the most intense signal
is provided by the [3Fe-4S]" cluster (FS4) and is most
apparent in the EPR spectrum of the fully oxidized enzyme
(Figure 4, top spectrum). The g = 2.02 signal titrates to zero
intensity as the potential is lowered (Figure 5d), and a redox
potential of 292 mV versus NHE was determined for FS4.

Further reduction of the sample gives rise to spectra with
features appearing in the g = 2.05, 1.95, 1.88, and 1.86
region (Figure 4). These features are very similar to those
seen before in the NarH subunit (FS1-FS4) of nitrate
reductase (17, 25-27). The g = 1.862 signal from reduced
FS1 was monitored to determine its redox potential [175 mV
(Figure 5a)] followed by the FS3 center at g = 1.95 [66 mV
(Figure 5c)]. The last center (FS2) is reduced at a much lower
potential, and the redox potential was determined in two
ways. As the sample is reduced to low potential, the g =
1.862 peak shifts gradually to a g = 1.87 peak, while the g
= 1.95 and 2.05 signals fade at very low potentials. It is not
clear what interactions among the four clusters cause the
disappearance of these signals, both from the same cluster,
at lower potentials in DMS dehydrogenase, but dipole—dipole
coupling between nearby electron spins must be occurring.
The growth of the g = 1.85 signal (Figure 5b) coincided
with disappearance of the g = 1.95 or g = 2.05 signal,
leading to a redox potential for the FS2 center of —337 mV.

Although no structural data for DMS dehydrogenase are
available at this time, a further [4Fe-4S]>™* cluster (FSO)
should reside in the a-subunit (adjacent to the Mo cofactor),
as determined from sequence similarity with the structurally
characterized NarG subunit (/0, 11, 28) and ethylbenzene
dehydrogenase (/4). On the basis of structural (10, 11, 28)
and EPR spectroscopic work (/7) with NarG, the FSO cluster
should contain a high-spin center bearing three coordinating
cysteine ligands and one coordinating histidine ligand (/7).
Although the incidence of high-spin (S = 3/,) iron—sulfur
clusters is uncommon, and consequences for having this
unusual spin state are poorly understood, they almost
invariably involve a non-cysteinyl coordinating amino acid
(17). The only EPR evidence for this cluster in any related
enzyme has been found for NarG, in which a low field signal
is observed only at high power and low temperature (/7).
Similar experimental EPR conditions were explored here with
DMS dehydrogenase, but we have yet to obtain convincing
evidence for a signal characteristic of the FSO center. We
can be sure that the Mo cofactor is present (in the
a-subunit where the FSO cofactor should also reside) as
the MoV signal is seen clearly in the 120 K EPR spectra
(Figure 3a) and also at 2 K (Figure 4, 110 mV spectrum).
On this basis, the a-subunit appears to have been properly
assembled with its putative FSO center (/8). It is worth
mentioning that the FSO center remained undetected by
EPR for many years until it was revealed by the recent
crystal structures of NarGH(I) nitrate reductase (10, 11, 28)
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FIGURE 5: EPR intensities from the (a) FS1 center, (b) FS2 center, (c) FS3 center, and (d) FS4 center as a function of redox potential (mv

vs NHE).

Table 1: Redox Potentials (millivolts vs NHE) of Type II Clade Enzymes from the DMSO Reductase Family (/7)

o-subunit f-subunit y-subunit
enzyme (ref) MoV™V. MoV"V  FSO [4Fe-4S]™ FSI1 [4Fe-4S]™ FS2 [4Fe-4S]T FS3 [4Fe-4S]T™ FS4 [3Fe-4S]+ heme(s)
DMS dehydrogenase (this work) ~ +55  +123 nd* +175 (£20)  —337 (£20) +66 (£20) +292 (£20)  +324 (£20)
nitrate reductase (/7) +130  +205 =55 +130 —420 =55 +180 +20, +120
DMSO reductase (23) —175 —15 nd“ —120 —330 —50 —240 -
ethylbenzene dehydrogenase (24) +80 +225 nd’ —15 —400 -8 +70 +255
selenate reductase (5) nd’ nd’ nd’ +183 —356 =51 +118 nd’
“ Centers not determined.
Table 2: EPR-Derived g Values of the Rhombic Fe—S Clusters in the 0-184
pB-Subunit of DMS Dehydrogenase .
¢ value FS1 FS2 FS3 FS4 a.182 1 *
g1 1.862 1.851 1.867 1.965
@ 1.887 1.897 1.852 1.987 0180 -
o 2.016 2015 2.050 2,018 o\,
0.178 4
and ethylbenzene dehydrogenase (/4). These structural
studies provided the impetus for spectroscopic studies in q 0176
search of a center that evidently can be observed only by <
EPR under special conditions. 0.174
Heme b Cofactor. The midpoint potential of the b-type
heme in the y-subunit of DMS dehydrogenase was deter- 0.172
mined by optical redox potentiometry using the coordination
compounds Fe(NOTA) and [Fe(EDTA)]~ as mediators. In 0.170 -
this case, the intense ferric and ferrous heme absorption
spectra are dominant and the other redox centers do not 0.168 , : , ;
100 200 300 400

interfere. The data are presented in Figure 6, and the resulting
heme redox potential (324 £ 20 mV vs NHE, an average of
three titrations) is in agreement with the potential previously
published using a different set of (organic) redox mediators
(315 = 20 mV vs NHE) (/6).

The crystal structure of the highly homologous ethyl-
benzene dehydrogenase reveals a novel lysine/methionine
axial ligation in the corresponding b-type heme (/4), and
it is likely that the same ligands are involved in coordinat-
ing the heme cofactor in DMS dehydrogenase on the basis
of homology modeling. These same lysine and methionine
residues are indeed conserved in the sequences of the
y-subunits of ethylbenzene dehydrogenase, DMS dehy-
drogenase, and selenate reductase (/4). There is genetic
evidence (8) that the electron acceptor for DMS dehy-

E (mV vs NHE)

FIGURE 6: Optical potentiometric redox titration of the heme cofactor
in DMS dehydrogenase. The intensity of the Soret band of the Fel
form (at 424 nm) is shown as a function of potential, and the
calculated curve obtained from a fit to eq 2 is shown.

drogenase is a cytochrome c,, with a redox potential of
357 mV versus NHE (29). The high redox potential of
the heme b cofactor, coupled with the even higher redox
potential of its electron acceptor, is consistent with the
proposal that the b-type cytochrome in DMS dehydroge-
nase is the site of electron egress from the enzyme in a
pathway of electron flow to the oxidized bacteriochloro-
phyll special pair of the photosynthetic reaction center.
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CONCLUSIONS

Despite their diverse function, enzymes from the type II
clade of the DMSO reductase family exhibit an interesting
similarity in their architecture and even the redox potentials
of some cofactors. Figure 7 illustrates the variations in redox
potential along the electron transport chain where each
cofactor shown is involved due to its physical location within
the enzyme. Without any one of the redox centers in the o-
and f(-subnuits, the distance for electron transfer becomes
prohibitively large (30), so all must be engaged at some point
in electron transfer during turnover. An interesting feature
is the presence of the very low potential center FS2 in all
enzymes. It may be viewed as a bottleneck in electron egress
from the Mo active site to the y-subunit in the dehydroge-
nases and in electron flow to the Mo active site in the
reductases. In any case, the thermodynamics of the overall
enzyme reaction are driven by the substrate redox potential
(not usually known accurately) and the potential of the redox
partner (which acts as an electron acceptor or electron donor,
depending on the direction of the oxidation—reduction process).
In other words, the centers shown in Figure 7 constitute only a
“wire” through which the overall exergonic electron transfer
process is conducted. The redox potentials we report here are
an important foundation for our continuing investigations into
the catalytic activity of DMS dehydrogenase.
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